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Abstract
Safeguarding marine ecosystems is essential for maintaining ecosystem function and 
biodiversity, but effective monitoring of marine habitats can be logistically challeng-
ing, costly, and difficult to regularly implement. Environmental DNA- based biomoni-
toring is a rapidly growing tool that is non- destructive, cost- effective, and reliable. 
However, discrepancies in eDNA sampling protocols and methodology persist, which 
can greatly impact the interpretations of biomonitoring results, particularly across 
highly diverse ecosystems with historically elevated biodiversity. The South African 
coastal system is a unique and highly diverse ecoregion consisting of two ocean 
boundary currents creating one of the most diverse biological regions on the planet. 
Here, we present the first eDNA- based metabarcoding assessment of South African 
coastal fishes while also providing key management insights into study and sample 
design. We observed strong ecological associations with fish species richness across 
the extent of the South African coast, along with weaker associations with season-
ality. We detected 466 operational taxonomic units across 112 of the 270 families 
described previously from the region, with greater species richness on the eastern 
subtropical coast compared to the western coast, which follows expected species 
richness patterns. Additionally, we provide evidence that biological replication is nec-
essary to detect intra- site fish diversity and that three biological replicates are suffi-
cient for capturing species diversity dynamics. Our work highlights the value of eDNA 
biomonitoring across space and time enabling biodiversity characterizations for the 
management of a gradient of coastal marine environments.
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1  |  INTRODUC TION

Coastal ecosystems provide an array of vital ecosystem services, 
and it is well established that biodiversity is essential for healthy 
marine and coastal systems. However, anthropogenic pressures, 
including climate change, constantly threaten natural systems glob-
ally, requiring rapid and reliable means to actively monitor marine 
systems and to respond to anthropogenic pressures (Gilbey et al., 
2021; Häder et al., 2020; Levin et al., 2014). One of the largest ob-
stacles in the conservation and sustainable utilization of marine 
species and their environments is a lack of data on spatial biodi-
versity patterns that could be used to support management actions 
(Canonico et al., 2019; Underwood et al., 2018). The lack of spatially 
resolved marine biodiversity data is due in part to the high logis-
tic cost of current biodiversity monitoring approaches, which are 
usually expensive, often miss small, cryptic, or rare species, require 
special permits, are time- consuming, can be destructive, and rely on 
expert taxonomic identification that is not always available (Kumar 
et al., 2020; Miya et al., 2020; Shu et al., 2020). Distribution data 
for fishes, which are among the most well- studied marine species, 
are often based on catch data from commercial fishing practices or 
ecological studies, which can be biased toward certain species and 
highly dependent on sampling strategy and timing (Boenish et al., 
2020; Pope et al., 2010). As such, traditional methods can limit bio-
diversity surveys both temporally and spatially, where data cannot 
be systematically collected and compared (McElroy et al., 2020; 
Seymour et al., 2021).

Environmental DNA (eDNA) metabarcoding is gaining momen-
tum for fish surveys globally to overcome some of the traditional 
challenges of biomonitoring. Fishes have been assessed in a large 
body of eDNA- based research for validating eDNA methodol-
ogy (Miya et al., 2015; Valentini et al., 2016), developing quantita-
tive methods (Hänfling et al., 2016), and for fisheries management 
(Hansen et al., 2018; Jerde, 2019; Miya et al., 2020). The potential 
applications of eDNA metabarcoding are well documented and have 
been applied successfully in freshwater, estuarine, and marine en-
vironments, ranging from single species detection to the charac-
terization of whole communities (Creer et al., 2016; Deiner et al., 
2017; Garlapati et al., 2019; Hansen et al., 2018; Miya et al., 2015; 
Ruppert et al., 2019; Valentini et al., 2016), and across various spatio- 
temporal scales (Miya et al., 2020; Seymour et al., 2021; Sigsgaard 
et al., 2017). Fish eDNA studies have described species distributions 
(Lacoursière- Roussel et al., 2018), the distribution of fishes verti-
cally in the water column (Littlefair et al. 2020), and for detecting 
invasive species (Adrian- Kalchhauser & Burkhardt- Holm, 2016). The 
detectability of fish populations in some settings has been shown 
to be more sensitive and reliable using eDNA- based biomonitoring 
(Hänfling et al., 2016; Miya et al., 2015); however, gaps in global as-
sessment of marine eDNA still persist along with a more general un-
derstanding of the sensitivity of eDNA sampling methodology.

One of the major considerations when collecting eDNA is the 
number of biological replicate samples collected at each sampling 
point (Goldberg et al., 2016). Replication is clearly important within 

the context of improving observed levels of biodiversity across 
eDNA studies (Deiner et al., 2017; Minamoto et al., 2016; Yamamoto 
et al., 2017). What remains unclear is the level of replication needed 
to ensure adequate sampling of the biological community, which may 
be study- specific (Bessey et al., 2020; Koziol et al., 2018), particu-
larly for systems where diversity may have strong spatio- temporal 
patterns. There is a cost trade- off associated with the number of 
replicates chosen (higher assessment cost per site) to adequately 
assess the biodiversity of a given site (Smart et al., 2016). Effective 
biomonitoring assessment relies on maximizing spatial and temporal 
sampling, and funding is generally limited. Increasing eDNA sam-
pling replication per site may become less cost- effective compared 
to increasing the number of sampling locations or time points. Taking 
these trade- offs into account, it is therefore appropriate to optimize 
the eDNA sampling protocol with a replication level that is appropri-
ate for the project goals, whether for detecting a single species or for 
diversity estimates. For example, for detecting subarctic deep- sea 
fishes in Greenland, Thomsen et al. (2016) found that metabarcoding 
data from a single 2 L water sample sufficiently represented known 
fish catch data from trawling. Study areas with greater biodiversity 
and environmental complexity, however, may require different levels 
of biological replication for efficient eDNA- based biomonitoring.

South Africa lies at the confluence of two major boundary cur-
rents and ocean basins, the Benguela Current in the Atlantic and the 
Agulhas Current in the Indian Ocean. This creates a strong gradient 
of environmental variation, including temperature (Smit et al., 2013) 
and productivity, shaping a unique assemblage of coastal biodiver-
sity, with high levels of endemism (Griffiths et al., 2010) and differ-
ing spatial levels of species diversity and phylogeographic structure 
(Teske et al., 2011). There have been extensive concerted efforts to 
characterize the biodiversity of the region, with over 13,000 species 
recorded to date (Griffiths et al., 2010). It is likely that many species 
remain unaccounted for, and estimates suggest that endemic fish 
biodiversity is vastly underestimated, which likely applies to many 
other taxonomic groups (von der Heyden, 2011). Further, the spatio- 
temporal distribution of the majority of species is poorly known, 
which is problematic given that evidence suggests contemporary 
species range shifts of coastal marine species (Bolton et al., 2012; 
James et al., 2008) and that this lack of knowledge may limit suc-
cessful conservation and management actions. An approach based 
on eDNA may well provide novel insights into the spatio- temporal 
patterns of biodiversity and provide much- needed data to support 
ongoing monitoring, not only of native, but also alien and invasive 
species.

Environmental DNA biomonitoring has seen very limited appli-
cation in coastal South Africa, and as such, there remains a need to 
better understand the methodological aspects of its application. The 
unique gradient of biodiversity, with lower species richness on the 
west coast, increasing along the south and east coasts (Awad et al., 
2002; Griffiths et al., 2010) may require a differential approach to 
sample design, as it may take more intensive sampling to recover 
representative species richness in areas with elevated biodiversity 
compared to those with fewer species. In addition, fishes are some 
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of the best- studied taxa in South Africa, with ~2000 described spe-
cies (Heemstra & Heemstra, 2004) and their distribution, particu-
larly of key commercially exploited species, such as the Sparids, is 
well characterized. Therefore, the first aim of this study was to gain 
a practical understanding of how eDNA replicate sampling effort af-
fected the detection of South African coastal fish diversity across 
different sampling areas. Secondly, this study aimed to provide a 
preliminary eDNA biodiversity assessment of fishes across the ma-
rine biogeographic gradient of South Africa.

2  |  MATERIAL S AND METHODS

2.1  |  Data collection and experimental design

Two eDNA datasets were independently collected and processed for 
(1) a biological replication experiment, where seven biological repli-
cates were collected from three different sites in the Western Cape 
of South Africa, and from one exhibit in the Two Oceans Aquarium, 
Cape Town, and (2) for an extended baseline survey where triplicate 

samples were collected from seven natural sites across the South 
African biogeographical gradient (Figure 1).

The biological replication experiment included sample collection 
in an aquarium tank and three natural sites. Seven biological repli-
cate water samples were collected from the Two Oceans aquarium, 
from a saltwater tank maintained at ambient temperature, salinity, 
and pH, and exposed to a natural photoperiod as experienced by the 
captive species in the wild. No UV light treatment is used in the tank. 
For the natural sites, seven biological replicate water samples were 
collected from three coastal sites (n = 28) in South Africa (Figure 1). 
The natural sites were selected for representing three different 
coastal types and included Langebaan, a sandy site in close proxim-
ity to seagrass, Jacobsbaai, a rocky, sheltered, kelp- dominated shore, 
and Cape Agulhas, an exposed rocky shore with low algal cover.

For the large- scale baselining experiment, independently of the 
previously mentioned samples, three biological replicate samples 
were collected from each of seven coastal sites in South Africa, span-
ning ~2400km and a strong environmental gradient (Figure 1). All 
sites were sampled once in October 2017 (n = 21) and once in May 
2018 (n = 21), resulting in 42 samples collected for this experiment.

F I G U R E  1  Field sampling region in South Africa across South Africa's coastal environmental variation. White circles indicate sampling 
locations. Jacobsbaai, Langebaan, and Cape Agulhas were sampled at an additional sampling event to collect samples for the replication 
experiment. Sea surface temperature (SST) data source: NASA OBPG (2020)
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2.2  |  Water collection and filtering

For each biological replicate, a 2 L water sample was collected from 
the surface water (within 1 m of the water surface) of the tank or 
natural site using a 2- L container with a wide opening. Once ashore, 
the water sample was immediately drawn into a sterile 50- ml luer 
lock syringe, which was then connected to a Sterivex™ 0.22 µm fil-
ter, and the water repeatedly pushed through the filter unit in 50 ml 
subsamples. This was repeated for every biological replicate, using 
one filter unit per 2 L sample, except where the sample could not be 
passed through the filter (e.g., in highly sedimented samples). For the 
latter, once the filter reached its capacity, additional Sterivex filter 
units were used for samples where <250 ml was achieved, or/and 
if >250 ml was achieved, the total volume was recorded, and the 
filtering stage considered complete. After filtering each sample, an 
air- filled syringe was used to empty the remaining seawater through 
the filter outlet. Each filter unit was subsequently filled with 2 ml of 
a tissue lysis buffer (ATL, Qiagen) using a sterile 2– ml syringe, and 
then, the filter unit was sealed with Helapet Combi- Caps at both 
ends and stored at room temperature until DNA extraction as soon 
as possible, or within 5 months. Regular negative controls were pre-
pared by processing 1 L of sterile distilled water through a Sterivex 
filter unit, and otherwise treating it equally to a seawater sample for 
the rest of the workflow.

2.3  |  DNA extraction

All pre- PCR laboratory procedures were carried out in a disin-
fected, PCR- free area that was thoroughly cleaned using 10% so-
dium hypochlorite and exposure to UV light for 30 min before and 
after PCR setup. DNA was extracted from the filter units using the 
DNeasy Blood and Tissue kit (Qiagen) with a modified protocol, in-
volving adding 70 µl proteinase K directly to the Sterivex filter unit 
and incubating at 56°C overnight before removing the sample from 
the filter unit and into Eppendorf tubes. Once the sample was in 
Eppendorf tubes, the standard spin- column extraction protocol was 
performed, and the final elution volume was 50 µl. Each extraction 
round contained blank controls of sterile, UV- treated Milli- Q water 
to monitor potential contamination from the laboratory setup. Post- 
extraction, all DNA extracts were stored at −20°C and were thawed 
and spun in a centrifuge before being used in the PCR- based library 
preparations.

2.4  |  PCR- based library preparations

A two- step PCR- based library preparation protocol was performed 
after initially optimizing the PCR methods, based on the two- step 
adapter system outlined by Miya et al., 2015 and others (e.g., 
Brennan et al., 2019; Holman et al., 2021; Seymour et al., 2021). In 
summary, each biological replicate was prepared as a single library; 

thus, three libraries resulted from each site for each sampling event. 
The DNA templates amplified in this study included DNA extracted 
from Sterivex filter units (including samples and negative field con-
trols), DNA extracted from fish tissue (pooled into a mock commu-
nity and treated as a positive control), and distilled water (negative 
control). The mock community contained DNA extracts of eleven 
fish species that were normalized to 10 ng/ml and pooled. All first- 
round PCRs were performed in 25 μl reaction volume that con-
tained 1 μl of the aforementioned DNA template, 0.75 μl of each 
10 μM primer (MiFish- U- F, MiFish- U- R, MiFish- E- R and MiFish- E- R 
by Miya et al., 2015 with an added adaptor region), 12.5 μl of KAPA 
HiFi HotStart ReadyMix (KAPA Biosystems), 1 μl of 5 mg/ml bovine 
serum album (BSA) solution, and the remaining volume made up 
with PCR- free, molecular- grade water. The PCR thermal cycle was 
performed with an initial denaturation at 95°C for 3 min, followed 
by 35 cycles of (1) denaturation at 98°C for 20 s, (2) annealing at 
65°C for 15 s, and (3) extension at 72°C for 10 s, then followed by 
one cycle of final extension at 72°C for 5 min and cooling at 4°C for 
5 min, then held at 4°C and transferred to the refrigerator until used 
for further stages.

PCR1 reactions were performed in triplicate and pooled after 
PCR1 to minimize the processing costs of the subsequent stages, 
after which they were purified. Purification involved bead cleaning 
using a two- step protocol of 0.5× ratio of MagBio HighPrep PCR 
beads, followed by a 0.8× ratio, which was eluted from the beads in 
48 μl of AE buffer (Qiagen).

A second round of PCR was then performed to attach Illumina- 
associated P5/P7 index adapter ends (purchased from IDT) using 
the same methods as described in PCR1, except (1) the DNA tem-
plate used in each reaction was the PCR1 product, (2) the num-
ber of PCR cycles was reduced to 15 cycles instead of 35 cycles, 
and (3) PCR2 products were bead cleaned following the same 
two- step MagBio bead cleaning protocol as described for PCR1, 
then each bead cleaned PCR product visualized by gel electro-
phoresis, and its concentration quantified with Qubit. All PCR2 
products were normalized to 4 nM, mixed, and sequenced on an 
Illumina MiSeq with the 2x150bp kit at the Institute for Microbial 
Biotechnology and Metagenomics (IMBM) at the University of the 
Western Cape.

2.5  |  Bioinformatics

The data were demultiplexed using the Illumina MiSeq software. 
Thereafter, data were processed with the most recently available 
version of the MiFish pipeline (version 2.40, Miya et al., 2020) at 
the time of analysis. MiSeq data files were added into a predefined 
directory and the reference database folder was populated with 
the MiFish ver.40 reference database, which was based on the 
MitoFish database (Iwasaki et al., 2013). The nomenclature in the 
database was not curated, so species- level taxonomic assignments 
were manually reviewed using taxonomic records from the World 
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Register of Marine Species (WoRMS) database, and nomenclature 
was updated where necessary. The MiFish pipeline Perl scripts 
were run locally via Terminal on a Mac without any external pro-
cessing power.

2.6  |  Data processing, statistical analysis, and data 
visualizations

Data were processed using R Statistics version 4.0.3 (R Core 
Team, 2020) and Microsoft Excel, with data converted to pres-
ence/absence. The data were analyzed at OTU level throughout 
as taxonomically assigned by the MiFish pipeline, including “low,” 
“medium,” and “high” assignments for the purpose of demonstrat-
ing the diversity of OTU- derived taxa recovered from the environ-
mental samples. All OTUs were checked against available literature 
on fish diversity (Heemstra & Heemstra, 2004). Diversity estimates 
for Shannon– Wiener Diversity Index were generated using the “di-
versity” function in the “vegan” package in R. Diversity estimates 
were log transformed for normality of distribution, and data were 
compared between samples, between sites, and between seasons 
using analysis of variance (ANOVA) using the “aov” function in R. 
The ANOVA assumptions were checked using the “shapiro.test” 
function in the “dplyr” package and “leveneTest” in the “car” pack-
age for homogeneity of variances, and a diagnostic plot of residu-
als was used to assess the assumption of normality of distribution. 
Where significant differences were revealed by ANOVA, a pair-
wise comparison t test was performed between factors using the 
“pairwise.t.test” function in R. Line and bar charts were generated 
with the “ggplot” package and rarefaction curve with “rarefy” pack-
age, both using R Statistics. The read abundance data were based 
on OTU- level data and visualized by heatmaps, but presented 
with a reduced taxonomic resolution (family level) due to the large 

volume of data recovered. Mapping was performed in QGIS version 
3.16 (QGIS.org, 2021).

3  |  RESULTS

3.1  |  Biological replication experiment

From the four sampling locations in the biological replication ex-
periment, a total of 818,524 sequences were retrieved after bioin-
formatic processing, belonging to 100 operational taxonomic units 
(OTUs). The replication experiment detected between 10 and 37 
OTUs across samples, capturing 8 to 17 families (Figure S1). For sam-
ples taken from the Two Oceans aquarium, 33 OTUs were detected 
from 13 families, and the mean Shannon– Wiener index value (SW) 
was 3.22 (±SE 0.05) (see Figure S2 for SW of the three natural sites). 
All OTUs were assigned to teleost fishes, with no elasmobranchs de-
tected (Figure 2).

Species richness between sites and between replicates varied. 
For the seven aquarium samples, 33 OTUs were detected in total, 
and the average detection was 23.7 (±SE 1.20). For Jacobsbaai, a 
total of 32 OTUs were detected, with average species richness per 
replicate of 21.43 (±SE 2.14). A total of 28 OTUs were detected in 
Langebaan, with an average species richness of 13.57 (±SE 0.69). 
Cape Agulhas samples contained the highest species richness and 
highest variation between replicates, with 53 OTUs detected and 
average species richness of 31.43 (±SE 2.28). In the Two Oceans 
aquarium, the majority of OTUs were taxonomically assigned to 
species of Sparidae (sparids) and Engraulidae (anchovies), whereas 
in the natural sites (Jacobsbaai, Langebaan, and Cape Agulhas), the 
majority of OTUs were assigned to species of Blenniidae (blennies), 
Gobiidae (gobies), Mugilidae (mullets), and Opistognathidae (jaw-
fishes) (Figure 2).

F I G U R E  2  Read abundance of each taxonomic group (family) detected in the replication experiment for the aquarium and three natural 
sites (Jacobsbaai, Langebaan, and Cape Agulhas)
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The replication experiment showed that OTUs with high read 
abundance were consistently recovered across all of the seven rep-
licates, but that some taxonomic groups with lower read numbers 
were not detected in multiple replicates (Figure 2). There was no 
statistically significant difference between samples (F(1,26) = 0.453, 
p = 0.507) or sites (F(1,26) = 0.201, p = 0.657). The cumulative de-
tection curves for each site suggest that, for the sites tested, there 
is an increase in detection of OTUs with increasing biological repli-
cate sampling, and the majority of OTUs are detected within the first 
three replicates (Figure 3 and Figure S5).

Two positive controls (mock communities) detected 16 and 17 
OTUs, respectively. One of the twelve blank controls contained low 
LOD (log of odds, assigned during the MiFish pipeline) sequences 
and in future, with the use of an improved reference database, these 
sequences should be taxonomically assigned and removed from the 
dataset proportionately.

3.2  |  Large- scale baseline

From the seven sampling locations in the large- scale baseline, a total 
of 649,721 sequences were retrieved after bioinformatic processing, 
belonging to 449 taxonomic units. All except one eDNA sample in 
the large- scale baseline detected at least one target fish species, and 
the largest number of fish OTUs detected in a single replicate sample 
was 132 OTUs from Cape Vidal (Figure 4, Table S1 and Figures S3 
and S4). The seasonal datasets suggest that similar species richness 
was recovered from sites between seasons, yet with novel detec-
tions specific to season (Figure 5). There was a strong spatial trend 
of increased species richness on the subtropical east coast of South 

Africa when compared with the temperate west and south coast 
field sites (Figure 5, Table S1).

4  |  DISCUSSION

We detected 466 distinct OTUs across 112 of the 270 known fami-
lies of fish in the first eDNA- based assessment of South African 
coastal fisheries and thus demonstrating the potential of eDNA in 
a South African coastal setting. Using a partial fragment of the 12S 
rRNA gene (Miya et al., 2015), we specifically targeted fishes given 
the relatively advanced global understanding of fish- targeted eDNA 
metabarcoding (e.g., see Miya et al., 2020). The diversity of OTUs 
captured in these datasets signifies an advancement in fish biomoni-
toring techniques regionally, and the data resolution trade- offs of 
reducing biological eDNA replication are likely outweighed by the 
breadth of data achieved even with lower numbers of biological 
replicates.

4.1  |  Biological replication is necessary for accurate 
eDNA- based biomonitoring

Given the distinct patterns of biodiversity in South Africa, which 
increases consistently across taxonomic groups, from west to east 
(Awad et al., 2002; Griffiths et al., 2010; Turpie et al., 2000), this 
study set out to determine the role of biological replication (i.e., the 
number of samples taken per site) in detecting fish taxa. This is par-
ticularly important in the context of species detection versus cost, 
which increases with additional sampling and downstream DNA ex-
traction, library preparation, and sequencing.

Our results show that biological replication within sites is es-
sential for accurately measuring biological diversity. For sites with 
lower diversity, high read abundant OTUs were consistently de-
tected across replicate samples. However, lower abundant or rarer 
reads were inconsistently detected across replicates, regardless of 
the number of replicates used, especially for high- diversity sites. 
There were also variations in detectability of fishes between rep-
licates despite no significant differences in diversity indices at dif-
ferent replication levels. For example, increasing replication from 
one to two samples improved the number of families detected by 
an average of 7.5% across sites with an additional increase of 4.6% 
with three replicates, clearly showing the importance of replicate 
sampling for assigning OTUs to family level (Figure 3). While ad-
ditional samples did increase detectability, the detection return 
for increased sampling was substantially lower than additional site 
sampling may provide. Therefore, the cost- benefit of reducing bio-
logical replication is that increased spatial or temporal sampling can 
be performed. To achieve wider spatial sampling, another approach 
is to subsample and pool water before processing. For example, 
Hänfling et al. (2016) collected five 400 ml subsamples from 100 m 
around a central sampling point and pooled into a 2 L sample for 

F I G U R E  3  Cumulative total number of OTUs detected 
in the replication experiment, where the color of the line 
and icon indicates the site (red circles = aquarium, green 
triangles = Cape Agulhas, blue squares = Jacobsbaai, and 
purple crosses = Langebaan)
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their large- scale freshwater fish analysis, which suitably reflected 
known fish patterns in the region.

Here, we found that three replicates revealed fish communities 
that are broadly reflective of known national biodiversity trends 
(Turpie et al., 2000), encompassing 270 unique families. In con-
clusion, three biological replicates is a suitable level of biological 
replication for the study of large- scale South African coastal fish 
biodiversity. However, when expecting elevated level biodiversity, 
such as for invertebrate communities, it may be essential to consider 
additional replication to ensure sufficient assessment.

4.2  |  eDNA provides novel insights into 
fish biodiversity patterns across a strong 
environmental gradient

There are 270 families of fishes known to inhabit South African wa-
ters (Heemstra & Heemstra, 2004), of which 112 were detected in 
this baseline study. Our results mirror known patterns of coastal spe-
cies diversity by detecting a trend of increasing numbers of families 
and OTUs on the east coast, described for coastal fishes by Turpie 

et al. (2000), invertebrate communities (Awad et al., 2002), and in-
terestingly patterns recovered for metazoan, protist, and bacterial 
communities using a metabarcoding approach (Holman et al., 2021). 
In fact, community composition differs markedly between west, 
south, and east coast sites (Figure 4), with fish fauna more domi-
nated by Indo- Pacific fish fauna along the eastern coastal margins. 
The high diversity in families was also reflected in the high num-
ber of OTUs recovered from three replicate samples; for Cape Vidal 
along the subtropical/tropical boundary, 268 OTUs were detected, 
compared to a range of 21 to 37 OTUs on the west coast. However, 
Cape Agulhas, at the southernmost tip of Africa, had the largest di-
versity of families, with 19, perhaps as a result of the overlap of the 
Benguela and Agulhas Currents along the south coast, which drives 
a unique fish faunal composition (Turpie et al., 2000).

Many of the families detected using eDNA are well described 
and relatively common and include clupeids, butterflyfishes, mul-
lets, and pufferfishes (Figures S1 and S3). Interestingly, we also 
identified OTUs that are rare or show diurnal movement and would 
otherwise not be accounted for in surveys. For example, for both 
seasons at Cape Agulhas, reads matching those of Devil- anglers 
(Melanocetidae) were recovered likely due to the presence of their 

F I G U R E  4  Read abundance (total per family) in seven coastal baselining sites for two seasons (S1 and S2)
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larval stages, given that juvenile and adult fishes are generally in 
the mesopelagic zones and beyond (Heemstra & Heemstra, 2004). 
As the ecology of larval stages is generally poorly understood and 
because larvae are difficult to identify (Steinke et al., 2016), our 
eDNA barcoding approach provides a powerful additional tool for 
surveying fish diversity beyond easy to recognize adult or juvenile 
stages, thus providing a more complete biodiversity inventory for 
the region.

4.3  |  A future for eDNA monitoring of coastal 
biodiversity in South Africa

There are several considerations when considering future eDNA 
studies in South Africa and beyond. Environmental DNA is es-
sentially an indirect sampling method with compounding effects 
of primer selection influencing the level of detectable diversity. 
When taxonomic assignments were reviewed to species level, 
positive controls containing a mock community of 11 species of 
fish tissue were characterized by 17 separate OTUs. This overesti-
mation also occurred in the Two Oceans aquarium samples, where 
only four families were known to be present (Clinidae, Sparidae, 
Haemulidae, and Monodactylidae), yet 13 families were detected, 
potentially due to fish feed or cross- tank contamination by divers 
using gear unwashed between different tanks or simply moving 
between tanks in close proximity themselves. This highlights the 
sensitivity of the eDNA approach, but such overestimating of OTUs 
needs to be investigated further. For example, the overestimation 

of OTUs in positive controls may be attributed to multiple OTUs 
representing single taxa, or a lack of South African reference se-
quences in many taxonomic groups leading to ambiguous taxo-
nomic assignments. As such, a more thorough regional reference 
database review is required before assigning taxonomy to species 
level. There is a global challenge with lack of reference sequences 
for some groups, which is often a barrier for interpreting metabar-
coding data, and regional- specific databases are often required for 
higher resolution taxonomic assignments (e.g., Gold et al., 2020 for 
Californian fishes).

The eDNA workflow employed in this study utilized a publicly 
available pipeline using available resources and generated a large 
amount of data with relatively low in- field effort. Overall, the re-
sults of this field experiment broadly suggest that eDNA is a valuable 
tool for monitoring coastal fish biodiversity in South Africa. There 
remain large gaps in the 12S barcode database for fishes, which need 
to be addressed in order to provide better resolution and power to 
species assignments. Additionally, a more general assessment of 
the MiFish primers for detecting groups with high numbers of en-
demic species and those of commercial interest, such as the Clindae 
and Sparidae respectively, which were not found in our preliminary 
surveys. Further, closer examination of the ability to detect elasmo-
branch species would be highly beneficial given that ~25% of the 
185 elasmobranch species recorded from South Africa are endemic 
and many species are threatened through over- exploitation (Bester- 
van der Merwe & Gledhill, 2015; Compagno et al., 2005; Miya et al., 
2015). Nevertheless, eDNA biomonitoring of coastal fish communi-
ties undoubtedly provides a novel approach with increased spatial 
and temporal sampling capabilities needed to more effectively man-
age valuable and dwindling natural resources.
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